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ABSTRACT 
THE EFFECTS OF SALTWATER INTRUSION ON METHANOGEN COMMUNITY 
ABUNDANCE, STRUCTURE, AND ACTIVITY 
 
By: Jaimie L. Gillespie, Master of Science 
 
A thesis submitted in partial fulfillment of the requirements for the degree of Master of Science 
at Virginia Commonwealth University. 
 
Virginia Commonwealth University, 2013 
 
Major Director: Rima B. Franklin, Associate Professor, Department of Biology 
Co-Director: Scott C. Neubauer, Assistant Professor, Department of Biology 
 
 Tidal freshwater wetlands (TFW) are at significant risk of loss or alteration due to global 
climate change, and saltwater intrusion from sea level rise is of particular concern for these 
habitats due to their proximity to coastal areas. A space-for-time model was used to investigate 
the effects of saltwater intrusion on soil methanogen communities along naturally occurring 
salinity gradients on the Waccamaw, James, and Hudson Rivers. Amplification of the methyl 
coenzyme-M reductase (mcrA) functional gene was used in qPCR, reverse transcription qPCR, 
and T-RFLP to measure the abundance, activity, and community composition of soil 
methanogens. Both the abundance and activity of methanogens decreased with increasing 
salinity, and the both total and active methanogen community composition shifted in response to 
changes in salinity. This research demonstrates that saltwater intrusion will alter carbon cycling 
in TFWs, potentially altering their ability to sequester carbon and keep pace with rising sea level.  
 
 
 
 
!"
INTRODUCTION 
 
Tidal freshwater wetlands (TFW) account for approximately one quarter of coastal 
wetlands in the United States (Mitsch and Gosselink, 2000). The services these wetlands provide 
are critical to protecting coastlines and adjacent upland areas from erosion, storm surge, and 
flooding. Tidal freshwater wetlands are especially vulnerable to global change due to their 
proximity to coastal areas and the fact that changes in hydrology brought about by drought or 
fluctuations in sea-level can result in increased salinity (i.e., saltwater intrusion) (Mitsch and 
Gosselink, 2000; Neubauer, 2013). Sea level rise is of particular concern, and recent studies 
indicate it is occurring at a rate of 2-4 mm y-1 (Bindoff et al., 2007). This can lead to a significant 
and persistent increase in salinity at sites that have been historically dominated by freshwater 
flow, including tidal freshwater wetlands. Over time, this could alter plant community 
composition (Reed, 1995; Perry and Hershner, 1999) and productivity (Spalding and Hester, 
2007, Neubauer, 2013) and affect the microbially-mediated biogeochemical processes taking 
place in wetland soils. This biogeochemical effect could be direct, as associated water chemistry 
changes can influence microbial metabolism (Weston et al., 2006; Megonigal and Neubauer, 
2009), or indirect and mediated through changes in organic matter (OM) input quantity and 
quality (Weston et al., 2011; Neubauer, 2013).  
Soils of TFWs are OM rich and represent an important terrestrial organic carbon pool that 
is broken down and utilized by microorganisms to produce carbon dioxide (CO2) and methane 
(CH4). Both are greenhouse gases, and while CO2 persists in the atmosphere longer than CH4, 
CH4 has a global warming potential that is 25 times greater than that of CO2 on a 100-year 
timescale (Forster et al., 2007). Shifts in microbial community composition and function can 
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alter the production and emissions of these greenhouse gases, having global-scale implications 
(Composition: Baldwin et al., 2006; Kao-Kniffen et al., 2010; Function: Yuan et al., 2011; Ma et 
al., 2012; Morrissey et al., in press; Neubauer et al., in review).  
If OM is in limited supply, microbial competition for OM is high. In the absence of 
oxygen (O2), microorganisms must utilize other terminal electron acceptors (TEAs) to oxidize 
OM. Denitrification, as well as manganese, iron, and sulfate (SO42-) reduction, all yield more 
energy than methanogenesis. Of particular interest to this study is the fact that saltwater intrusion 
into freshwater wetlands may stimulate sulfate-reducing bacteria (due to the higher availability 
of SO42- as a TEA), who then out-compete methanogens (Capone and Kiene, 1988; Raskin et al., 
1996; Segers, 1998; Le Mer and Roger, 2001; Mishra et al., 2003; Weston et al., 2011). 
Increased activity of sulfate-reducing bacteria can inhibit methanogenesis, leading to decreased 
CH4 fluxes (Poffenbarger et al., 2011; Neubauer, 2013) and increased OM mineralization in 
TFWs (Weston et al., 2006; Craft, 2007; Weston et al., 2011). For example, in situ CH4 flux rates 
measured by Neubauer (2013) in a saltwater intrusion field manipulation study showed up to a 
30% decrease in CH4 flux rates as salinity rose from freshwater to oligohaline levels during a 
three-year study. Meanwhile, Weston et al. (2006) found that OM mineralization in TFW soils 
shifted from a dominance of methanogenesis to sulfate-reduction four weeks following saltwater 
intrusion. Collectively, this research demonstrates an inhibition of, or shift away from, 
methanogenesis associated with saltwater intrusion into freshwater systems. 
Quantification of methanogen abundance and activity has become a useful component in 
the development of predictive models"#$"!"#$!%&"%&'"$()*"+,-./"0Freitag et al., 2010). In 
particular, molecular techniques are being used to study methyl coenzyme-M reductase (mcrA), 
which is a functional gene specific to methanogens that catalyzes the reduction of methyl 
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coenzyme-M to produce methane (Galand et al., 2002 and references therein). This functional 
gene can be amplified using gene-specific primers in molecular assays such as polymerase chain 
reaction (PCR). Because amplification of targeted functional genes from whole-community 
DNA samples includes material from dead or inactive cells, it has been suggested that a more 
direct way to measure microbial activity is through the analysis of messenger RNA (mRNA) 
(Smith, 2007; Conrad, 2009; Freitag and Prosser, 2009; Akiyama et al., 2011). Because mRNA 
transcripts have a short half-life (approximately fifteen minutes at 37°C in suspension cultures; 
Hennigan and Reeve, 1994), they must first be reverse transcribed to complementary DNA 
(cDNA), which can then be used in molecular assays. Quantitative PCR (qPCR) of targeted 
functional genes, like mcrA, provides an estimate of the number of copies of that gene. When 
using genomic DNA, this value is an indicator of total abundance of a specific organism (e.g., 
methanogens), assuming that each organism contains only one copy of the gene in question. The 
same assumption cannot be applied when using cDNA because levels of mRNA transcription are 
regulated by the cell’s need for the associated enzyme and thus vary depending on activity. 
Comparing the number of mRNA transcripts present in a sample (cDNA) to organism abundance 
(genomic DNA) can subsequently provide estimates of enzyme activity. Freitag et al. (2010) 
demonstrated this technique in their study of how the transcriptional activity of methanogens 
related to CH4 flux rates in a peat bog. This dual DNA-cDNA approach has also been used in 
terminal restriction fragment length polymorphism (T-RFLP) to study how the total composition 
of a community of interest differs from the composition of its active portion, as done by Kotiaho 
et al. (2010) when they studied methanogens at differing water table depths in peat soils. 
Several studies have examined the effect of salinity on microbial communities (Baldwin 
et al., 2006; Edmonds et al., 2009; Jackson and Vallaire, 2009). Baldwin et al. (2006) found that 
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bacterial community structure did not significantly change following salinity increases over a 
one-month period; however, they found that the archaeal community composition did shift 
(which they attributed to methanogens). Alternately, Edmonds et al. (2009) found no significant 
changes in archaeal community composition following similar duration (5 weeks) saltwater 
intrusion. However, neither of these studies used the mcrA functional gene to specifically 
understand the methanogen community response, nor did they measure the functional response 
of methanogens by using mRNA in their molecular assays. There are some studies have 
successfully used the mcrA gene in DNA- and mRNA-based assays to examine the impact of 
oxygen on methanogen communities, and have demonstrated links between transcriptional 
activity and CH4 production (Yuan et al., 2011; Ma et al., 2012). This work is highlighted in a 
recent review of methanogen community dynamics by Bridgham et al. (2013), where the authors 
stated that further evaluation of the mechanisms by which environmental variation controls 
methanogen community composition at the transcriptional level is needed. The study described 
here was conducted as an attempt to fill such gaps in our understanding and to specifically 
evaluate how environmental variability (such as salinity) affects methanogen community 
dynamics (e.g., abundance and structure).  
The research presented here assessed the effects of salinity on soil methanogen 
communities using a space-for-time model. Specifically, I sampled several sites along naturally-
occurring salinity gradients as a proxy for long-term exposure of various levels “salt water 
intrusion.” I hypothesized that there would be a greater abundance of methanogens (assessed via 
DNA-based methods) in soils from freshwater sites compared to more saline environments, and 
that methanogen activity (assessed via mRNA-based methods) would be decreased by increased 
salinity. Further, I hypothesized that salinity would also have strong effects on the community 
!"
structure of both the total and active methanogen communities, whereby the active community 
structure would be most similar to total community structure at the freshest salinities, gradually 
diverging as salinity increased.  
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MATERIALS AND METHODS 
 
1. Study sites 
 This study was conducted in the tidal reaches of three large rivers along the east coast of 
the United States: the Waccamaw (South Carolina), James (Virginia), and Hudson (New York). 
For each river, three to four wetlands were selected along the naturally-occurring salinity 
gradients (freshwater to mesohaline), and sampled at the end of July and in early August 2011 
(Figure 1). Salt-intolerant plants (e.g., Peltandra virginica and Nuphar luteum) and higher 
species richness characterized freshwater sites, while saltwater sites were characterized by a near 
monoculture of saline-adapted species (e.g., Spartina alterniflora or Phragmites australis) 
(Table A1.1). 
 
2. Sampling and environmental analysis 
At each wetland, four sampling areas (~700 cm2) were identified within a relatively 
homogenous reach, all separated by less than 15 m. Soil pH and temperature were measured at 
the soil surface (0-5 cm) (Mettler Toledo SevenGo Duo proTM, Columbus, OH). Soil was 
collected from the same depth interval and stored in Whirl-Pak® bags (Nasco; Fort Atkinson, 
WI) for molecular analysis (50 g, immediately frozen with dry ice and ethanol mixture for 
transport to the laboratory, then stored at -80 ºC) and soil characterization (50 g, stored on ice for 
transport and then immediately processed in the laboratory). Porewater salinity was measured for 
all sampling areas in the Waccamaw and James River marshes (Mettler Toledo SevenGo Duo 
proTM); however, only a single salinity measurement of the river water for each site on the 
Hudson River was obtained (due to equipment failure). Soil moisture (%) was determined 
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gravimetrically (30 g subsamples, 95 ± 5°C for 48 h), and OM (%) was measured as mass loss on 
ignition following combustion at 450°C for 12 h. Total carbon and nitrogen contents were 
determined using a Perkin Elmer CHNS/O Analyzer (Waltham, MA) following grinding and 
acidification of samples using 10% hydrochloric acid.  
 
3. Molecular analyses  
3.1. RNA and DNA extraction 
Whole-community RNA was extracted from 3.5-g subsamples of soil using the Mo Bio 
RNA PowerSoil Total RNA Isolation Kit (Carlsbad, CA). DNA was simultaneously extracted 
using the Mo Bio RNA PowerSoil DNA Elution Accessory Kit. RNA extracts were subsequently 
treated using the Mo Bio RTS DNase Kit according to the manufacturer’s protocol. RNA and 
DNA purity and concentration were determined using a Nanodrop ND-1000 (Thermo Scientific, 
Wilmington, DE). 
An aliquot of total RNA (~500 ng) was reverse transcribed to cDNA using random 
hexamers and the Superscript III Reverse Transcriptase (RT) (Invitrogen, Grand Island, NY). 
Concentration of the resultant cDNA was estimated by using an RT efficiency of 50% 
(experimentally determined using a subset of 5 samples; 49% ± 1%). All RNA, cDNA, and DNA 
extractions were verified using agarose gel (1%) electrophoresis and ethidium bromide staining 
prior to storage at -20°C. 
 
3.2. Methanogen abundance via qPCR 
Quantitative PCR (qPCR) was performed on the Bio-Rad CFX96 Real-Time PCR 
thermal cycler using SsoAdvanced SYBR Green qPCRSupermix (BioRad, Hercules, CA), and 
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data were analyzed using the Bio-Rad CFX Manager software package (Version 2.1). 
Methanogen abundance was estimated using the mlas and mcrA-rev primer pair to target the 
mcrA functional gene (Steinberg and Regan, 2008). Methanococcus voltae (ATCC® 
BAA-1334D-5TM) genomic DNA was used for the standard curve (average efficiency (%): 
Waccamaw = 91, James = 96, Hudson = 94; all r2 ! 0.99). Reactions (20 µl) had 10 ng DNA 
template or 12.5 ng cDNA template and 0.48 "M mlas and 0.60 "M mcrA-rev primer 
concentrations; thermal cycling conditions were: 95°C for 5 min followed by 50 cycles of 20 s at 
95°C, 20 s at 59°C, and 45 s at 72°C (Morrissey et al., in press). Results are reported as the log10 
of the number of gene copies per ng of nucleic acid after averaging three technical replicates per 
sample. 
 
3.3. Methanogen community structure via T-RFLP 
 Methanogen community structure was examined using terminal restriction fragment 
length polymorphism (T-RFLP) targeting the functional gene mcrA. All PCR reactions (50 µl) 
were performed with 10 mM TrisHCl (pH 8.3), 50 mM KCl, 200 µM of each dNTP, 20 µg BSA, 
2 mM MgCl2, and 2.5 units of AmpliTaq DNA polymerase (reagents obtained from Applied 
Biosystems, Foster City, CA). The mcrA gene was targeted with MLf (labeled with FAM) and 
MLr (Luton et al., 2002) in a reaction that contained 120 nM of each primer, and 10-20 ng DNA 
template or 65-125 ng cDNA template. Thermal cycling used touchdown PCR and conditions 
were: 95°C for 3 min followed by 6 cycles of 45 s at 95°C, 60 s at 56°C (-0.5°C cycle-1), 60 s at 
72°C, followed by 31 cycles of 45 s at 95°C, 60 s at 53°C, 60 s at 72°C and final extension at 
72°C for 7 min (PTC-100 Thermal Controller, MJ Research, Inc. Waltham, MA).  
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PCR products were purified with the MinElute 96 UF PCR purification kit (Qiagen, 
Valencia, CA) prior to a restriction enzyme digest using 1X Buffer #4, 30 ng BSA, and 20 units 
of RsaI (New England Biolabs, Ipswich, MA). Digests were incubated for 16 h at 37°C followed 
by 20 min at 65°C. A second purification step was performed on the digested product with the 
MinElute kit. Amplicons were recovered in molecular-grade water, and detected using capillary 
electrophoresis with a MegaBACE 1000 DNA Analysis System (GE Health Life Sciences, 
formerly Amersham Biosciences, Piscataway, NJ). The digested and purified PCR product (100 
ng) was combined with 0.3 !l of MapMarker 400 ROX ladder (Bioventures, Murfreesboro, TN) 
and 4.75 µl injection buffer (0.1% Tween-20). Samples were injected at 3 kV for 100 s, and 
electrophoresed using genotyping filter set 1 for 100 min at 10 kV. Fragments between 70-400 
base pairs (bp) were analyzed using Fragment Profiler software (Version 1.2; Amersham 
Biosciences, Buckinghamshire, UK) using a 1-bp size differential and a 75 relative fluorescent 
unit (RFU) peak height threshold. Samples were standardized by calculating peak area as a 
percent of the total sample fluorescence; peaks accounting for less than 2% of total sample 
fluorescence, or having less than two occurrences across all samples were removed prior to 
analysis (Hullar et al., 2006; Kotiaho et al., 2010; Morrissey et al., in press),  
 
4. Gas flux assays 
In addition to the molecular analyses, gas flux data were generated for all four sites from 
the Waccamaw River using soil cores (n = 4, ~700 cm2 ! 37 cm) with intact vegetation. Soil 
cores were placed in 20-L plastic buckets with holes around the bottom of each bucket to allow 
water exchange, and incubated outside at the Baruch Marine Field Laboratory (Georgetown, SC) 
in polyvinyl tubs (four cores per tub).  Each tub contained approximately 100 L of site-specific 
!!"
water, resulting in water levels that were ~2.5 cm below the soil surface. Net CH4 emissions 
were measured for each core approximately 15 h after collection (i.e., the following morning) 
using transparent, airtight chambers. The chambers were built using 96 cm tall, 1 cm diameter 
polyvinyl chloride (PVC) frames that were placed on the soil surface to support a 107 cm tall, 
0.1 mm thick clear polyethylene bag (Nahlik and Mitsch, 2011). The bag was sealed to the upper 
terminus of the bucket encasing the core with an oversized hose clamp (Figure A3.1). A small 
fan ensured mixing within the chamber headspace. Gas samples were collected by syringe using 
a sampling port in the polyethylene bag and stored in airtight Hungate tubes at 4 ºC until 
analysis. Gas flux rates were always measured over 1 h, with sample collection every 15 
minutes. 
Methane concentrations were measured using a Shimadzu GC-14A flame-ionizing gas 
chromatograph (Shimadzu Scientific Instruments, Columbia, MD), usually within 48 h of 
collection. CH4 concentrations (ppm) increased linearly over time; all time series measurements 
met the r2 > 0.60 acceptance criteria of Megonigal and Schlesinger (2002), with 75% of the 
measurements having r2 > 0.90. The slope was determined using concentration values and 
sample time (units of ppm day-1). These values were converted to rates of mg C m-2 h-1.  
 
5. Statistical analyses 
To determine whether mcrA gene (copies ng-1 DNA) or transcript abundance (copies ng-1 
cDNA (formerly RNA)), salinity, soil OM, moisture, temperature, C:N, and pH differed 
significantly by site, a one-way analysis of variance was used (ANOVA, n = 15, df=14). Prior to 
doing so, normality was assessed using quantile plots; salinity, soil OM, and gene and transcript 
abundances were non-normally distributed, and corrected by log (10) transformation. All 
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subsequent analyses use the log-transformed data for these parameters. A two-way ANOVA was 
used to determine whether mcrA copies ng-1 nucleic acid differed by salinity (categorical: 
freshwater (salinity of 0 – 0.5), oligohaline (0.5 – 5.0), and mesohaline (5.0 – 18.0)) and nucleic 
acid type (categorical: DNA or cDNA; n= 84, df1= 7, df2= 76). Tukey’s HSD for post-hoc 
comparisons was used for all ANOVAs. Pairwise correlations were used to examine the potential 
relationship between abundance of mcrA genes and transcripts with salinity. A stepwise multiple 
regression (p entry = 0.10, p exclusion = 0.15) was conducted to determine which environmental 
parameters best predicted mcrA gene copy and transcript copy number. All analyses were 
performed with JMP Statistical Software (JMP Pro 10.0, Cary, NC) using a significance level of 
! = 0.05 except the multiple regression was performed with SPSS Statistics (Version 20, IBM 
Software, Armonk, NY). 
T-RFLP data were converted to a similarity matrix using the Bray-Curtis metric applied 
to the normalized fluorescence data; this matrix was used in all subsequent community analyses.  
Principal coordinates analysis (PCoA) was used to analyze data from the T-RFLP, and the first 
two axes from each analysis were plotted in order to visualize changes in mcrA community 
structure across sites. To determine the effects of salinity and nucleic acid type (categorical 
variables defined above) on community structure, a two-way non-parametric multivariate 
ANOVA (Two-Way NP-MANOVA) was used. In the event of a significant interaction effect, a 
one-way NP-MANOVA was used to test the effects of each factor separately. The relationship of 
community structure (Bray-Curtis similarity) to measured environmental parameters was 
examined using a Mantel Test. For the environmental parameters, either the Euclidean (single 
variable) or Gower (multiple variables) distance matrices were employed. All community 
!"#
analyses were conducted using the PAST statistical software package (Version 2.17c, Hammer 
2001). 
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RESULTS 
 
1. Environmental characterization 
 Within each river, significant differences in salinity were observed across sites (ANOVA: 
all F ! 179.5, p < 0.01), with salinities increasing from an average of 0.0 – 2.0 at freshest site in 
each river up to 11.2 – 14.4 at the most saline site (Table 1). This analysis does not include the 
Hudson River, due to lack of replication, but the salinity range was similar there (min: 2.0, max: 
9.7). Organic matter was significantly different across sites within all three river systems (all F ! 
21.8, p < 0.01, n = 16), and ranged from 10.3 to 64.6% (Table 2). Soil OM was inversely related 
to salinity across all sites (r = -0.49, p < 0.01), but this relationship was only significant on the 
James River (r = -0.85, p < 0.01) when river systems were examined separately (Waccamaw r = -
0.47, p = 0.07; Hudson r = 0.17, p = 0.54). C:N ranged from 11.9 to 18.1 across all sites and 
rivers, but was only significantly different between sites for the Hudson River (F = 11.0, p < 
0.01) (Table 2). C:N did not correlate with salinity across rivers (r = -0.08, p = 0.64). However, 
C:N was positively correlated with salinity on the James River (r = 0.63, p = 0.04), though not on 
the Waccamaw or Hudson rivers (both r " 0.36, p ! 0.19). Soil temperature was significantly 
different across sites on all rivers (all F ! 5.5, p " 0.02; Table 2), but was not significantly 
correlated with salinity across rivers (r = -0.14, p = 0.37). However, when examined within river 
systems, temperature was related to salinity on the James (r = -0.64, p = 0.01) and Hudson (r = 
0.87, p < 0.01) rivers, but not on the Waccamaw ( r = -0.24, p = 0.38). Soil moisture was 
significantly different across sites on all three rivers (all F ! 12.5, p < 0.01), and was negatively 
correlated with salinity (r = -0.34, p = 0.03). This relationship with salinity is driven by a strong 
relationship between these two factors on the James River (r = -0.91, p < 0.01), the only river to 
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show a significant correlation to soil moisture on its own (Waccamaw and Hudson both r ! 0.14, 
p " 0.28). Additionally, soil pH was significantly different across sites on all rivers (all F " 4.9, p 
= 0.02). A net positive relationship between pH and salinity across all rivers (r = 0.33, p = 0.03) 
was found, largely due increased pH at increased salinities on the Waccamaw and James Rivers 
(both r " 0.58, p ! 0.02), despite decreased with salinity site on the Hudson River (r = -0.77, p < 
0.01) (Table 2).  
 
2. mcrA gene and transcript abundance 
 mcrA gene and transcript abundances were similar for sites with similar salinities on the 
Waccamaw and James Rivers, but were generally one order of magnitude lower on the Hudson 
River (Figure 2). mcrA gene abundance estimates ranged from 0.8 # 103 to 52.0 # 103 copies ng-1 
DNA on the Waccamaw River, 0.004 # 103 to 20.0 # 103 copies ng-1 DNA on the James River, 
and  0.004 # 103 to 3.5 # 103 copies ng-1 DNA on the Hudson River.  mcrA transcript abundance 
estimates ranged from 0.006 # 102 to 30.0 # 102 copies ng-1 cDNA, 0.003 # 102 to 22.0 # 102 
copies ng-1 cDNA, and 0.006 # 102 to 6.7 # 102 copies ng-1 cDNA on the Waccamaw, James, and 
Hudson Rivers, respectively (Table 3). A two-way ANOVA showed mcrA copies ng-1 were 
significantly different by nucleic acid type (DNA (genes) or cDNA (transcripts); F = 25.7, p < 
0.01) and salinity category (F = 9.8, p < 0.01), with no significant interaction effect (F = 0.3, p = 
0.71). Specifically, gene abundance was always greater than transcript abundance. Tukey’s post-
hoc comparisons showed that estimates of mcrA copy number (both DNA and cDNA) 
significantly changed along the salinity gradient; specifically, abundance was higher at 
freshwater salinities compared to oligohaline and mesohaline sites.   
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If the rivers are examined individually, there is a general trend that the abundance of 
genes and transcripts is lowest at the highest salinities. The Waccamaw (Figures 2A and 2D) and 
James Rivers (Figures 2B and 2E) show the strongest pattern; however, this relationship is only 
significant for gene abundance on the James River (F= 6.4, p = 0.02), and transcript abundance 
on the Waccamaw River (F = 6.4, p < 0.01). Post-hoc comparisons for both rivers showed that 
the mesohaline sites were significantly different from the oligohaline and freshwater sites. For 
the Hudson River, abundance of genes (Figure 2C) and transcripts (Figure 2F) was not 
significantly different by site (both F < 0.9, p > 0.46). 
When the environmental variables of soil pH, temperature, moisture, OM, and C:N were 
examined in relation to log gene and transcript abundances within river systems, pH was 
negatively correlated with transcript abundance on the Waccamaw River (r = -0.53, p = 0.04), 
and temperature (r = -0.62, p = 0.04) and soil moisture (r = 0.75, p = 0.01) were correlated to 
gene abundance on the James River. Across river systems, mcrA gene abundances were 
positively correlated with OM (r = 0.36, p = 0.02) and soil temperature (r = 0.55, p < 0.01). Both 
mcrA gene and transcript abundances were significantly negatively correlated with salinity (log 
transformed) across all three rivers (r = -0.47, p < 0.01; r = -0.65, p < 0.01, respectively) (Figure 
3). Additionally, a stepwise multiple linear regression showed soil temperature and salinity 
create the best model for predicting mcrA gene copies (adj. R2 = 0.46, p = 0.03; Log mcrA copies 
ng-1 DNA = -0.80 + 0.16(Temperature)– 0.25(Log Salinity)), while salinity alone was found to 
predict transcript copies best (adj. R2 = 0.27, p < 0.01; Log mcrA copies ng-1 cDNA = 2.23 – 
0.67(Log Salinity)). 
Transcript : gene ratios were not significantly correlated with salinity (Figure 4) when 
viewed across all sites and rivers (r = 0.003, p = 0.98).  However, when examined within river, 
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transcript : gene ratios on the Waccamaw River significantly decreased as salinity increased (r = 
-0.57, p = 0.03), but showed no significant correlation with salinity on the James or Hudson 
Rivers (both  r ! 0.56, p " 0.31). Transcript : gene ratios ranged from 0.01 to 0.31 on the 
Waccamaw, 0.05 to 0.20 on the James, and 0.16 to 0.26 on the Hudson (Table 3).  
 
3. mcrA community structure 
 T-RFLP analysis produced a total of 25 terminal restriction fragments (T-RFs) across the 
DNA- and cDNA-derived profiles (12 shared T-RFs, 11 T-RFs unique to the DNA profile, and 2 
T-RFs unique to the cDNA profile) (Table A2.1). The dominant (defined as >5% relative 
abundance) T-RFs in the DNA-derived profile were found at 78, 94, 132, 163, 172, 178, 200, 
210, 302, 307, and 327 base pairs (Figure 5). Dominant T-RFs in the cDNA-derived profile 
include this list, except 172, as well as two additional peaks at 112 and 294 base pairs (Figure 6). 
Using the work of Smith et al. (2007), I was able to identify six of these T-RFs as belonging to 
Methanosarcinales (78, 94, 178 bp), Methanococcales (78, 94, 302 bp), Methanomicrobiales 
(178 bp), Methanobacteriales (188, 307 bp), or as being a possible uncultured strain (94 bp). On 
both the Waccamaw and James Rivers, the 178 bp T-RF (Methanosarcinales, 
Methanomicrobiales) was both the most dominant and active organism at freshwater salinities 
(approximately 48% relative abundance and 67% relative activity on the Waccamaw, 61% and 
68%, respectively on the James). Its relative abundance and activity gradually decreased as 
salinity increased, dropping to 25% relative abundance and 5% relative activity in the 
mesohaline range on the Waccamaw, and 2% and 5%, respectively on the James. The relative 
abundance on the Hudson River was fairly stable between the oligohaline and mesohaline range 
(average 36%); however, the relative activity dropped greatly from 67% at the lowest oligohaline 
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salinity to 34% in the mesohaline range. Overall, both the relative abundance (and activity) of 
the 178 bp T-RF was negatively correlated with salinity (gene: r = -0.48, transcript: r = -0.67, 
both p < 0.01). Meanwhile, the 94 bp T-RF (Methanosarcinales, Methanococcales, uncultured) 
increased in relative abundance and activity (Waccamaw: 9% and 7%; James: 9% and 11%, 
Hudson: 7% and 6%) from the lowest salinities on each river, becoming the most active T-RF in 
the mesohaline range on the Waccamaw (23% and 30%), and the second-most active on the 
James (30% and 17%) and Hudson Rivers (25% and 29%) (gene: r = 0.33, p = 0.03; transcript: r 
= 0.43, p < 0.01). Additionally, the T-RF at 200 bp, which was not present in the freshwater 
range on the Waccamaw, and was in less than 1% relative abundance on the James, exhibited the 
same pattern as the 94 bp T-RF, finally becoming the second most active T-RF in the mesohaline 
range on the Waccamaw (25%), and the most active on the James (29%) (gene: r = 0.80, 
transcript: r = 0.59, both p < 0.01). In addition, the Hudson River also showed a significant 
relative abundance of the 132 bp T-RF at the lowest oligohaline salinity (20%), and the third 
highest relative activity at the mesohaline site was shown by the 327 bp T-RF (17%), despite its 
relative abundance being less than 1%.  
PCoA analyses of community structure based on genes and transcripts showed the 
greatest degree of separation among the sites along axis 1 (Figure 7). Axis 1 was strongly 
correlated with salinity (r = -0.61, p < 0.01), with weakly related to temperature (r = 0.39, p < 
0.01); in contrast, axis 2 was correlated only with temperature (r = 0.35, p < 0.01) and not 
salinity (r = -0.05 and p = 0.63). When the total and active communities were examined 
separately with PCoA, the axis 2 correlation with temperature was present only for the total 
community profile (r = 0.58, p < 0.01). The relationship with salinity was confirmed by a two-
way NP-MANOVA for each river, which showed that salinity was a significant factor affecting 
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community structure on all three rivers (all F > 2.8, p ! 0.01). However, nucleic acid type was 
only a significant factor on the Hudson River (F = 5.7, p < 0.01). There were no interaction 
effects for any of the three rivers (all p " 0.24).  
For all three rivers, the community structure of the most saline wetlands separated greatly 
from the other sites on the gradient. At low salinities, there was roughly 80% similarity between 
the community structure of active methanogens (transcript-based) and the total methanogen 
community (gene-based) (Figure 8). As salinities increased, the similarities between active and 
total methanogen community structure decreased (r = -0.53, p < 0.01).  
Mantel tests showed total community structure across all three rivers was correlated with 
active community structure (rM = 0.44, p < 0.01). Both total and active methanogen community 
structure were correlated with soil temperature (rM = 0.23, p < 0.01, rM = 0.14, p = 0.01, 
respectively). Active community structure was significantly correlated with salinity (rM = 0.25, p 
< 0.01); however, total community structure was not. Neither total nor active community 
structure was correlated with OM, soil pH, soil moisture, or C:N (Table A2.2). 
 
4. Gas flux results 
Analysis of the gas flux rates on the Waccamaw River suggest the data are unreliable. For 
example, in situ CH4 flux measurements conducted at W-BG at roughly the same time as this 
project (Neubauer, unpublished) were up to forty times greater than those measured in this study. 
Further, I speculate that the sampling design (specifically, the lack of simulated tidal flooding) 
was insufficient to keep the cores adequately anaerobic, thus oxidizing approximately the top 2.7 
cm of the cores and inhibiting methanogenesis and/or accelerating rates of CH4 oxidation. Rather 
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than exclude the data from the study entirely, the gas flux results and figures are instead 
presented as supplemental information in Appendix 3. 
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DISCUSSION 
 
Previous research has shown that rates of CH4 emissions from tidal wetlands decrease as 
one moves down the estuary from freshwater to more saline systems (Poffenbarger et al., 2011). 
This project is the first to examine the effect of salinity on methanogen communities in wetlands 
using the mcrA functional gene, and shows that salinity reduces the abundance of methanogens 
(total community and active) and drives changes in total and active methanogen community 
structures. These patterns are likely the product, at least in part, of sulfate reduction, which 
increases as salinities (and therefore sulfate concentrations) increase (Capone and Kiene, 1988; 
Weston et al., 2006; Craft 2007; Poffenbarger et al., 2011), allowing sulfate reducers to 
outcompete methanogens for electron donors. Further, OM content, which has been shown to 
decrease relative to salinity (Craft, 2007), and OM type, which has been shown to drive shifts in 
methanogen abundance and activity, can alter rates of methane emissions from wetlands 
(Morrissey et al., in press).  
 
1. Environmental characterization 
 A space-for-time model is useful for inferring potential changes in ecological systems by 
substituting a study of changes of some form of ecological composition (e.g., species 
composition, biodiversity) that would normally occur over a given period of time, for a study of 
those changes over a given amount of space. In my study, I used this model to study the effects 
of future saltwater intrusion by using wetlands along a salinity gradient (each point along the 
gradient is a theoretical future point in time). One of the limitations of using a space-for-time 
model is that only a snapshot of environmental characteristics can be obtained; this is 
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problematic for parameters that fluctuate over short time scales (e.g., temperature and redox 
conditions). However, for other parameters, like soil OM and plant community composition, the 
space-for-time model can act as a useful means of integrating changes over large time scales 
(years), which is consistent with my interest in understanding how increasing salinity in TFWs 
might affect soil methanogen communities in the context of global climate change. To first 
evaluate the applicability of my space-for-time conceptual model, and gain an understanding of 
how environmental parameters varied across sites and rivers, I examined several soil 
characteristics. I found that soil OM and moisture content were higher at lower salinities, as seen 
in Craft (2007), and that soil pH was more alkaline at high salinities—characteristic of salt 
marshes (Tripathi et al., 2006). Neither soil temperature, nor soil C:N ratios, showed any 
relationship with salinity. However, my freshwater sites were similar to both peat and rice paddy 
soils, which are characterized by high OM and saturated soil conditions with low pHs, and have 
been shown to be significant contributors to global methane fluxes. Other studies have examined 
the effect of salinity on OM decomposition (Craft, 2007; Weston et a., 2011) and microbial 
function and diversity (Baldwin et al., 2006; Edmonds et al., 2009; Jackson and Vallaire, 2009). 
However, in such studies, the microbial components have so far only been examined using 
bacterial or archaeal assemblages, rather than investigating methanogen communities directly 
with the mcrA functional gene. 
 
2. Methanogen abundance and activity 
mcrA gene abundances were approximately five times greater than transcript abundances, 
indicating only about 20% of the methanogen community was actively transcribing in any given 
wetland. Across the three rivers used in this study, gene abundance was inversely related to 
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salinity (Figure 3A), and positively correlated with soil temperature, as has been previously 
shown in peat soils (Freitag and Prosser, 2009; Akiyama et al., 2011). Soil OM content showed a 
weak positive correlation with mcrA gene abundance, both of which were higher at lower 
salinities. However, soil C:N ratios did not show any relationship with gene abundance 
estimates, suggesting that the relationship between OM and increased gene abundance was not 
mediated by carbon quality.  
Watanabe et al. (2007) demonstrated the ability of methanogens to persist in adverse 
conditions, such as oxic soils, and become metabolically active again once favorable conditions 
return. Therefore, the addition of mcrA transcript data is thought to be the next step to 
understanding how the community is likely to change in function (Bridgham et al., 2013). mcrA 
transcript abundances generally decreased from low to high salinities (Figures 3B). This 
indicates a potential inhibitory effect of salinity on microbial activity. Previous work has shown 
that high salinity is detrimental to microbial processes and results in decreased microbial 
biomass (Capone and Kiene, 1988; Rietz and Haynes, 2003; Baldwin et al., 2006; Tripathi et al., 
2006; Yuan et al., 2007). Additionally, the increased abundance of sulfate-reducing bacteria 
associated with seawater can competitively suppress methanogenesis due to sulfate’s favorability 
as a TEA (Weston et al., 2006; Poffenbarger et al., 2011).  
Though both mcrA gene and transcript abundances were inversely related to salinity in 
my study (Figure 3), transcript : gene ratios were not (Figure 4).  However, these values were 
especially variable depending on which river system was considered. For example, a strong 
relationship was observed for the Waccamaw River, where transcript : gene ratios decreased 
significantly from 0.20 to 0.01 along the salinity gradient, which contrasts the Hudson River, 
where values were generally stable in the 0.16 to 0.26 range. Sites on the Hudson River had a 
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much smaller range of salinity (2.0 – 9.7) relative to the Waccamaw (0.0 – 11.2 ) and James (0.1 
–14.4) rivers, effectively limiting my ability to see salinity effects. Futher, on both the 
Waccamaw and James rivers, there was an increase in transcript : gene ratio at the oligohaline 
sites (W-AP and J-CC) relative to the freshwater and mesohaline sites. Poffenbarger et al. (2011) 
showed methane flux rates to be highest at oligohaline salinities, which is consistent with my 
findings of the highest transcript : gene ratios in the same salinity range. 
 
3. Methanogen community structure 
 Total and active community structures correlated with soil temperature and salinity. 
Active methanogen community structure changed significantly between sites of the three rivers 
along axis 1, and this change was correlated with salinity (Figure 7B). Figure 7A shows that total 
methanogen community structure on the Waccamaw and James rivers also experienced 
separation between sites on axis 1, likely due to salinity, but this was not apparent for the 
Hudson River sites. The failure to see any differences in total methanogen community structure 
for the Hudson River is consistent with the fact that those sites did not span a large freshwater to 
mesohaline gradient, as described above.  
Smith et al. (2007) identified the order of a small number of methanogens using their T-
RFs; using this information, I was able to identify 6 T-RF in my study as belonging to four 
possible orders: Methanosarcinales, Methanomicrobiales, Methanococcales, and 
Methanobacteriales. The T-RF with the highest relative abundance and activity at freshwater 
salinities appears to be associated with the orders Methanosarcinales or Methanomicrobiales (T-
RF: 178 bp), and had a significant negative relationship with salinity in this study. In contrast, 
the second most abundant T-RF, coming from the orders Methanosarcinales or Methanococcales 
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(T-RF: 94 bp) increased in relative abundance and activity as salinity increased. Additionally, 
two to three other T-RFs (132, 200, and 327 bp) showed increasing relative abundance or 
activity on each river with increasing salinity.  
In addition to the microbial competition between sulfate reducers and methanogens, 
described above, Bridgham et al. (2013) suggest that competition may occur between specific 
types of methanogens (acetoclastic and hydrogenotrophic), where some may require substrates of 
others (e.g., acetate) for growth, but not the production of methane. For example, methanogens 
that come from the order Methanosarcinales are aceteoclastic (and ferment acetate to form CH4 
and CO2), while all others are hydrogenotrophic (which reduce CO2 with H2 to produce CH4; 
Oremland and Polcin, 1982; Le Mer and Roger, 2001; Whalen, 2005). Changes in composition 
between these two groups is often overlooked as a potential control on methane emissions 
(Bridgham et al. 2013). Recently, Morrissey et al. (in press) found Methanosarcinales to be 
positively correlated with methane production, and I found this order to be negatively correlated 
with salinity when examining the 178 bp T-RF. Additionally, the increase in relative abundance 
and activity of other T-RFs could potentially be linked to hydrogenotrophic methanogens (e.g., 
Methanococcales in the 94 bp T-RF). However, the work of Baldwin et al. (2006) revealed that 
large additions of sodium chloride (NaCl) to freshwater wetlands sediments can inhibit 
methanogenesis irrespective of competitive-inhibition by sulfate reducers, which suggests 
multiple factors may be at play. They hypothesized that the reduction in methanogenesis with 
increased NaCl concentrations was the direct result of a shift in methanogen populations and 
varying salt-tolerances, suggesting that the composition of the community is also an important 
consideration when attempting to understand how microbial community dynamics control 
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process rates. Moreover, the abundance and activity of methane-consuming organisms 
(methanotrophs), and the impact salinity has on their dynamics, must also be considered.  
Using principal coordinates analysis to visualize methanogen community structure, I saw 
that gene-based structure appeared to separate somewhat along axis 1, but the groupings are not 
well defined (Figure 7A). However, transcript-based structure clearly segregated into two groups 
with salinity of 0-5 and >5. (Table 1, Figure 7B). This work contrasts that of Edmonds et al. 
(2009), who found that an increase in porewater salinity from 0 to 10 over two weeks, followed 
by an additional three weeks at the elevated salinity, had no significant effect on archaeal (or 
bacterial) community structures. Although community composition in that experiment did not 
change (Edmonds et al., 2009), the dominant catabolic pathway shifted from methanogenesis to 
sulfate reduction (Weston et al., 2006), indicating the these organisms have a diverse capability 
to function in varied environmental conditions. Possible explanations for the incongruous results 
between my study and that of Edmonds et al. (2009) include: (i) larger salinity ranges and 
inherent time scales in my study, (ii) greater sensitivity when examining methanogens using both 
mcrA functional genes instead of 16S rRNA, and (iii) the use of transcripts to examine co-
incident changes in total and active community structure. Further, Edmonds et al. (2009) used 
artificial seawater to simulate saltwater intrusion in cores that lacked vegetation, unlike this study 
where field plots with intact vegetation were sampled along natural salinity gradients. This is 
important to note, because other work (Kao-Kniffen et al., 2009) has shown vegetation to 
influence methanogen community structure through mechanisms such as root oxygen loss and 
the production of root exudates. Because plant community composition shifts in response to 
salinity as a stressor (Perry and Hershner, 1999; Spalding and Hester, 2007), this factor should 
also be taken into consideration when examining the potential effects of saltwater intrusion on 
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methanogen community structures. My study showed that as salinity increased, the similarity 
between the total and active community structures decreased (Figure 8). This divergence could 
be explained by changes in transcriptional activity or the absence of some species at higher 
salinities. The total number of T-RFs generated from the cDNA-derived profile at times 
exceeded the number of T-RFs generated from DNA-derived profile (Appendix 2, Table 1). This 
could be explained by detection limitations in the molecular assays for organisms with very low 
relative abundance, but much higher relative activity in a given sample. This is illustrated in the 
instance of T-RF 327 on the Hudson River, which had less than 1% relative abundance but 17% 
relative activity at the mesohaline site.  
 
4. Conclusions 
 As sea level rises and saltwater intrusion becomes a reality in TFWs, scientists expect the 
activity of methanogens to change. While the results of short-term alterations in the soil 
environment have not shown consistent effects on total archaeal or methanogen community 
structure (Baldwin et al., 2006; Edmonds et al., 2009), persistent perturbations over the long-
term have been found to induce changes in these populations (Neubauer et al., 2012) that would 
affect rates of methanogenesis and net ecosystem fluxes of methane to the atmosphere. The 
strong negative correlation found in this study between salinity and both active community 
structure and transcript abundance suggests a mechanistic explanation for previous work that 
shows significant decreases in CH4 flux rates with increased salinity (Chambers et al., 2011; 
Poffenbarger et al., 2011; Marton et al., 2012; Neubauer, 2013). Further, the changes in relative 
abundance and activity of specific T-RFs of known orders of methanogens (e.g., 
Methanosarcinales, Methanococcales) with salinity and methane flux rates (as shown in 
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Morrissey et al., in press) provides support for the hypothesis that methanogen community 
composition has a significant impact on microbial process rates. The work described here 
addresses not only the potential impacts of salinity on the methanogen communities of tidal 
freshwater wetlands, but also provides insight into how these changes may compare across the 
large spatial scales (e.g., regional) that are likely to experience such impacts, as well as the large 
time scales (e.g., years) that are likely required to induce such changes. Future work is needed to 
address how shifts in methanogen community structure and abundance directly compare to 
process rates within tidal systems, and should be expanded to include an examination of the other 
functional groups of microorganisms that directly impact net methane emissions (e.g., sulfate 
reducing bacteria and methanotrophs). Such information is necessary if scientists are to 
accurately model how saltwater intrusion as the result of global change will potentially alter the 
production and emissions of greenhouse gases.  
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TABLES AND FIGURES 
 
Table 1. Site names, codes, locations, and salinities listed in order of increasing salinity for each river. Salinity is provided as mean ± 
standard error (n = 4 per site, porewater) except for Hudson River (n = 1 per site, river water). Values with the same superscripted 
letters for site salinity are not significantly from each other (one-way ANOVA of log salinity within each river, followed by Tukey’s 
HSD multiple comparison test). 
 
River Site name Site code GPS (N) GPS (W) Salinity 
Waccamaw Brookgreen W-BG 33°31.484 79°05.528 0.0 ±  0.0a 
 Alston Plantation W-AP 33°25.580 79°11.271 0.9 ± 0.2b 
 Rt17 Bridges W-R17 33°21.790 79°14.194 5.0 ± 0.5c 
 Thousand Acre W-TA 33°17.919 79°15.466 11.2 ± 0.8c 
James James River NWR1 J-NWR 37°16.277 77°09.184 0.1 ± 0.0a 
 College Creek J-CC 37°15.088 76°42.606 1.1 ± 0.0b 
 Ragged Island J-RI 36°57.891 76°30.874 14.4 ± 2.0c 
Hudson Constitution Marsh H-CM 41°24.139 73°56.434 2.0 
 Con Hook H-CH  41°21.096 73°57.849 3.4 
 Iona Marsh H-IM 41°17.842 73°58.405 4.0 
  Piermont H-PRM 41°02.298 73°54.531 9.7 
1 NWR = National Wildlife Refuge
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Table 2. Site characteristics listed in order of increasing salinity for each river: soil organic matter (OM), C:N, temperature, 
gravimetric water content (moisture), and pH (mean ± standard error, n = 4). Values with the same superscripted letter are not 
significantly different from each other (one-way ANOVA within each river, followed by Tukey’s HSD multiple comparisons test).  
 
Site code OM (%) C:N Temperature (ºC)  Soil Moisture (%) pH 
W-BG 64.6 ± 5.7a 16.2 ± 0.5 29.7 ± 0.5a 89.8 ± 0.4a 5.9 ± 0.0a 
W-AP 11.6 ± 2.9b 18.1 ± 1.6 27.4 ± 0.4b 54.2 ± 8.4b 5.9 ± 0.1a 
W-R17 29.8 ± 3.1c 15.6 ± 0.9 29.0 ± 0.1ab 80.5 ± 1.0ac 6.1 ± 0.1ab 
W-TA 20.0 ± 1.6bc 14.8 ± 0.8 28.8 ± 0.3ab 70.5 ± 1.5bc 6.4 ± 0.1b 
J-NWR 41.1 ± 4.1a 12.8 ± 1.1 26.5 ± 0.5a 80.8 ± 0.7a 6.2 ± 0.2a 
J-CC 17.2 ± 2.3b 12.8 ± 1.0 29.9 ± 0.5b 73.0 ± 2.4b 7.0 ± 0.1b 
J-RI 13.6 ± 1.8b 15.8 ± 0.7 30.8 ± 0.5b 63.7 ± 1.2c 6.9 ± 0.0b 
H-CM 10.3 ± 0.7a 11.9 ± 0.2a 24.5 ± 0.2a 60.1 ± 2.1a 6.6 ± 0.2a 
H-CH  43.0 ± 3.8b 14.7 ± 0.7b 23.8 ± 0.4ab 86.0 ± 1.7b 6.4 ± 0.1ab 
H-IM 21.1 ± 2.6c 12.3 ± 0.3ac 23.6 ± 0.1b 76.0 ± 2.5c 6.5 ± 0.1a 
H-PRM 16.4 ± 1.4c 13.4 ± 0.1bc 23.6 ± 0.3b 68.0 ± 2.2ac 5.9 ± 0.1b 
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Table 3. Abundance of mcrA genes and transcripts, as well as transcript:gene ratios, listed in order of increasing salinity for each river 
(mean ± standard error , n = 4 per site). Values with the same superscripted letter are not significantly different from each other (one-
way ANOVA within each river, followed by Tukey’s HSD multiple comparisons test).  
 
Site code 
Gene Abundance 
(ng-1 DNA) 
Transcript Abundance 
(ng-1 cDNA) Transcript : Gene Ratio 
W-BG 10.0 ! 103 (0.3 ! 103) 20.0 ! 102 (4.4 ! 102)a 0.20 (0.02)ab 
W-AP 3.6 ! 103 (1.7 ! 103) 11.0 ! 102 (4.9 ! 102)a 0.31 (0.07)a 
W-R17 13.0 ! 103 (5.7 ! 103) 3.9 ! 102 (3.3 ! 102)ab 0.03 (0.04)b 
W-TA 23.0 ! 103 (1.6 ! 103) 1.2 ! 102 (1.0 ! 102)b 0.01 (0.00)b 
J-NWR 14.0 ! 103 (2.5 ! 103)a 7.2 ! 102 (4.2 ! 102) 0.05 (0.05) 
J-CC 9.2 ! 103 (1.7 ! 103)ab 18.0 ! 102 (2.9 ! 102) 0.20 (0.01) 
J-RI 1.7 ! 103 (1.2 ! 103)b 1.0 ! 102 (0.9 ! 102) 0.06 (0.11) 
H-CM 0.5 ! 103 (0.1 ! 103) 1.1 ! 102 (0.4 ! 102) 0.21 (0.05) 
H-CH  0.6 ! 103 (0.3 ! 103) 1.2 ! 102 (0.4 ! 102) 0.19 (0.03) 
H-IM 1.1 ! 103 (0.8 ! 103) 2.8 ! 102 (2.0 ! 102) 0.26 (0.05) 
H-PRM 0.3 ! 103 (0.1 ! 103) 0.5 ! 102 (0.2 ! 102) 0.16 (0.01) #
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Figure 1. Map of sampling locations on the Waccamaw (red), James (blue), and Hudson rivers (black). 
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Figure 2. mcrA gene (A-C) and transcript (D-F) abundances ng-1 nucleic acid. Sites are ordered 
by increasing salinity, with white fills denoting freshwater salinity, light gray denoting 
oligohaline salinity, and dark gray denoting mesohaline salinity. Error bars denote standard error 
of the mean (n= 4). Values with the same superscripted letter are not significantly different from 
each other (one-way ANOVA within each river, followed by Tukey’s HSD multiple 
comparisons test).
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Figure 3. mcrA gene and transcript abundance across all three rivers (n = 41). White fills denote freshwater salinity, light gray denotes 
oligohaline salinity, and dark gray denotes mesohaline salinity. Solid lines show linear regression.
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Figure 4. mcrA transcript : gene ratios across all three rivers (n = 39). White fills denote freshwater salinity, light gray denotes 
oligohaline salinity, and dark gray denotes mesohaline salinity.
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Figure 5. Relative proportion of T-RFs in the DNA-derived profile. Half (11 out of 22) of the T-RFs were present at >5% relative 
abundance for at least one site and are shown on the figure; rarer T-RFs are combined as ‘Rare’ for clarity.
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Figure 6. Relative proportion of T-RFs in the cDNA-derived profile. Half (11 out of 22) of the T-RFs were present at >5% relative 
abundance for at least one site and are shown on the figure; rarer T-RFs are combined as ‘Rare’ for clarity.
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Figure 7. mcrA community composition based on genes (A) and transcripts (B). Profiles were generated using a single principal 
coordinates analysis on the Bray-Curtis index of similarity. Gene- and transcript-based composition have been separated into two plots 
to aid in visualization (PCoA). Points are mean ± standard error (n = 4). White fills denote freshwater salinity, light gray denotes 
oligohaline salinity, and dark gray denotes mesohaline salinity.
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Figure 8. The similarity of community structures in cDNA- and DNA-based T-RFLP profiles (n 
= 40). Proportion similarity between profiles was determined using the Bray-Curtis index of 
similarity. White fills denote freshwater salinity, light gray denotes oligohaline salinity, and dark 
gray denotes mesohaline salinity. The solid line shows the linear regression.
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APPENDIX 1 
 
Table A1.1. Plant species list per site. Sites are ordered by increasing salinity.  
 
River Site name & code Plant species 
Waccamaw Brookgreen Gardens (W-BG) Galium tinctorium 
  Polygonum arifolium 
  Cicuta maculata 
  Hydrocotyle umbellata 
  Sagittaria lancifolia  
  Peltandra virginica 
  Polygonum sagittatum 
  Murdannia keisak 
  Phyla lanceolata 
  Saururus cernuus 
  Eleocharis obtusa 
  Pontederia cordata 
  Symphyotrichum sp. 
  4 unidentified species  
 Alston Plantation (W-AP) Hydrocotyle umbellata 
  Sagittaria lancifolia 
  Murdannia keisak 
  Zizaniopsis milicea 
  3 unidentified species 
  Leersia oryzoides 
 Rt. 17 Bridge (W-R17) Juncus roemerianus 
  Spartina cynosuroides 
  Polygonum sp. 
  Rumex sp. 
  1 unidentified species 
 Thousand Acre Marsh (W-TA) Juncus roemerianus 
  Scirpus robustus 
   Spartina cynosuroides 
James James River NWR (J-NWR) Peltandra virginica 
  Nuphar luteum 
 College Creek (J-CC) Peltandra virginica 
  Pontederia cordata 
 Ragged Island (J-RI) Spartina alterniflora 
Hudson Constitution Marsh (H-CM) Peltandra virginica 
  Typha latifolia 
  Impatiens capensis 
 Con Hook (H-CH) Peltandra virginica 
  Typha latifolia 
  Lythrum salicaria 
  Hibiscus moscheutos 
 Iona Marsh (H-IM) Phragmites australis 
  Piermont (H-PRM) Phragmites australis 
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APPENDIX 2 
 
Table A2.1. T-RFLP analysis produced 25 possible T-RFs across both profiles; this T-RF summary table for total and active mcrA 
community composition presents the number of total and unique T-RFs for both profiles. Total T-RF columns counted a T-RF towards 
the site total if it was present in at least one of the four site replicates. Unique T-RF columns counted a T-RF as unique if, through the 
previously described method, there was no overlap between profiles for the presence of a given T-RF. 
 
River Site Total DNA T-RFs Total cDNA T-RFs T-RFs Unique to DNA Profile 
T-RFs Unique to cDNA 
Profile 
W-BG 8 6 3 1 
W-AP 14 6 8 0 
W-R17 10 10 3 3 Waccamaw 
W-TA 10 11 2 3 
J-NWR 6 6 1 1 
J-CC 7 6 2 1 James 
J-RI 9 12 3 6 
H-CM 8 8 2 2 
H-CH 11 8 5 2 
H-IM 10 9 1 0 
Hudson 
 
H-PRM 5 8 0 3 
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Table A2.2. Mantel and partial Mantel test results comparing methanogen community structure determined using mcrA genes (DNA) 
and transcripts (cDNA) to environmental variables. In matrices formed from only a single environmental parameter, Euclidian 
distance was used. When more than one environmental variable was included, Gower’s coefficient was calculated. Bray-Curtis was 
the similarity measure for the community profiles.  
 
  Matrix 1   Matrix 2†   Matrix 3‡   rM p 
 DNA  cDNA    0.44 < 0.01* 
 DNA  Environmental Variables   0.11 0.02* 
 DNA  Log Salinity    0.07 0.21 
 DNA  % OM    -0.06 0.73 
 DNA  Soil pH    0.11 0.06 
 DNA  Soil Temperature    0.23 < 0.01* 
 DNA  Soil Temperature  Env. Variables  0.23 < 0.01* 
 DNA  % H2O    0.12 0.10 
 DNA  C:N    0.11 0.12 
 cDNA  Environmental Variables   0.04 0.27 
 cDNA  Log Salinity    0.22 0.02* 
 cDNA  Log Salinity  Env. Variables  0.25 < 0.01* 
 cDNA  % OM    -0.12 0.94 
 cDNA  Soil pH    0.02 0.35 
 cDNA  Soil Temperature    0.14 0.01* 
 cDNA  Soil Temperature  Env. Variables  0.14 0.01* 
 cDNA  % H2O    -0.11 0.91 
  cDNA   C:N       -0.09 0.82 
 
† Environmental Variables include: log salinity,  %OM, soil pH, soil temperature, % H2O, and C:N 
!"Environmental Variables include: the above listed environmental variables except the one listed in matrix 2; partial mantel test controls for the effect of 
parameters in matrix 3"
 ########################################################
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APPENDIX 3 
 
1. Gas flux results 
 Methane emissions (Figure A3.2) on the Waccamaw River were non-normally 
distributed, and subsequently log-transformed before use in parametric statistical analyses. Gas 
fluxes were not significantly different across sites (F= 1.6, p= 0.36). Moreover, CH4 emissions 
were not significantly correlated to porewater salinity (log-transformed) (r = 0.06, p = 0.83; 
Figure A3.3), soil moisture (r = -0.14, p = 0.61), OM (log-transformed) (r = 0.31, p = 0.25), C:N 
(r = -0.31, p = 0.24), pH (r = 0.50, p = 0.06), mcrA total (rM = -0.05, p = 0.56) or active 
community structure (rM = 0.22, p = 0.06), or mcrA gene (r = -0.03, p = 0.92) and transcript 
abundances (r = 0.07, p = 0.79) (Figure A3.4). However, CH4 emissions did show a weak 
positive relationship with soil temperature (r = 0.55, p = 0.03). 
 
2. Gas flux discussion 
 Previous research by Freitag and Prosser (2009) showed methane production to be 
highest between 25 and 30°C, with transcript : gene ratios of approximately 2.2. The average 
temperature of the sampled sites in the present study was 28.8°C (within the range for Freitag 
and Prosser), which makes it surprising that the two sites with the highest CH4 emissions (W-
R17 and W-TA) had the lowest transcript : gene ratios recorded for the entire project (0.01 and 
0.03). Likewise, the site with the lowest flux rate (W-AP) had the highest transcript : gene ratio 
for the entire study (0.31). Because of these inconsistences, and the fact that the work of Freitag 
and Prosser (2009) showed significant relationships between transcript : gene ratios and both 
temperature and methane flux rates, I do not believe that any significance can be derived from 
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the relationship between flux rates and temperature obtained in my research due to 
methodological issues described below, and the inconsistencies shown between the flux rates and 
transcript : gene ratios described above. 
Methane fluxes have also been shown to decrease with elevated salinity (Poffenbarger et 
al., 2011; Neubauer, 2013). This relationship is most often attributed to increases in sulfate 
availability with the introduction of seawater; such changes are assumed to lead to methanogens 
being outcompeted by sulfate-reducing bacteria (Mishra et al., 2003; Weston et al., 2006; 
Poffenbarger et al., 2011). However, this pattern between CH4 emissions and salinity was not 
observed in the present study, which I also hypothesize is a result of flaws with the sampling 
design. Specifically, soil cores were incubated at a static water level (i.e., not tidal) and were too 
large to remain submerged during the incubations. Average water table depth for all cores was 
approximately 2.7 cm below the soil surface, but ranged from 0 cm (water at soil surface) to a 
depth of 9.3 cm. Previous studies have shown that the bulk of CH4 emissions occur from the 
uppermost region of soils (TFW soils: top 3 cm; Neubauer et al., in review; Peat soils: top 10 cm; 
Galand et al., 2003; Kotiaho et al., 2010), which was compromised in my experimental setup. 
The lack of complete or uniform saturation of the soils in our sampling design is likely to have 
oxidized the cores to a greater degree than they would have experienced in situ, given that cores 
were already sampled at low tide and then allowed to equilibrate in the lab for a further 18 h 
before gas fluxes were measured (prolonging the period of oxidation beyond what the soils 
would likely experience during normal tidal fluctuations). Further, Yuan et al. (2011) found that 
even short-term exposure to oxygen (as little as 10 min over 24 h) can inhibit the transcriptional 
activity of methanogens up to one order of magnitude. This potential suppression of CH4 
production would be compounded by an increase in CH4 consumption by methanotrophs in the 
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expanded oxic soil layer (Le Mer and Roger, 2001; Megonigal and Schlesinger, 2002). Together, 
these two factors could have resulted in high variability and a lack of a significant difference in 
CH4 emissions between the four sampling sites (Figure A3.2). This hypothesis is further 
supported by a comparison with field CH4 flux measurements that were made within 3 weeks of 
this study. For the freshwater site W-BG, my CH4 flux measurements were ~forty times lower 
than those measured from long-term field plots at the same site (Neubauer, unpublished data).  
In contrast to the gas flux data, molecular evidence from this study suggests that salinity 
is highly correlated with methanogenic activity (Figures 3 and 4). For both abundance and 
community structure, the stronger correlations existed with transcript-based methods. This 
suggests that the methanogen communities are responding to changes in salinity in terms of not 
only “who” is present and at what magnitude, but more importantly in terms of who is “active” 
and to what extent. The fact that the gas flux data did not show a similar trend with salinity, or 
any correlation to estimates of methanogen gene or transcript abundances, is further evidence to 
suggest the gas flux results are an artifact of a flawed experimental design. This is supported by 
Freitag et al. (2010) and Yuan et al. (2011), who alternately found transcriptional activity of 
methanogens to be highly correlated with CH4 fluxes. Finally, my study showed changes in 
active methanogen community structure were not correlated with changes in CH4 emissions, 
whereas other studies have shown that changes in active community structure as the result of 
perturbations to the soil environment (e.g., intermittent drainage in rice field soils) also resulted 
in decreased transcript abundance and CH4 flux rates (Ma et al., 2012). 
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Appendix 3: Figures 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure A3.1. Gas flux chamber design. Holes drilled at the base of the bucket containing the 
core allowed for water exchange with the water reservoir (not shown here). A 12-volt battery 
powered the circulation fans attached to chamber frames to ensure homogenous sample 
collection. A clear polyethylene bag allowed for continued photosynthetic activity during 
sampling events. 
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Figure A3.2. CH4 emissions (mean ± standard error) at four sites along the Waccamaw River. 
Sites are ordered by increasing salinity, with white fills denoting freshwater salinity, light gray 
denoting oligohaline salinity, and dark gray denoting mesohaline salinity. Error bars denote 
standard error of the mean (n= 4). 
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Figure A3.3. CH4 production versus salinity on the Waccamaw River (r = 0.06, p = 0.83, n = 
16). White fills denote freshwater salinity, light gray denotes oligohaline salinity, and dark gray 
denotes mesohaline salinity. 
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Figure A3.4. CH4 production versus gene (r = -0.03, p = 0.92) and transcript (r = 0.07, p = 0.79) abundances (n = 16 for each). White 
fills denote freshwater salinity, light gray denotes oligohaline salinity, and dark gray denotes mesohaline salinity. 
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